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ABSTRACT: We used the model organisms Nicotiana tabacum
L. cv Xanthi (tobacco) and Triticum aestivum (wheat) to
investigate plant uptake of 10-, 30-, and 50-nm diameter Au
manufactured nanomaterials (MNMs) coated with either tannate
(T-MNMs) or citrate (C-MNMs). Primary particle size,
hydrodynamic size, and zeta potential were characterized using
transmission electron microscopy (TEM), dynamic light
scattering (DLS), and electrophoretic mobility measurements,
respectively. Plants were exposed to NPs hydroponically for 3 or 7 days for wheat and tobacco, respectively. Volume averaged Au
concentrations were determined using inductively coupled plasma mass spectrometry (ICP-MS). Spatial distribution of Au in
tissue samples was determined using laser ablation ICP-MS (LA-ICP-MS) and scanning X-ray fluorescence microscopy (μXRF).
Both C-MNMs and T-MNMs of each size treatment bioaccumulated in tobacco, but no bioaccumulation of MNMs was observed
for any treatment in wheat. These results indicate that MNMs of a wide range of size and with different surface chemistries are
bioavailable to plants, provide mechanistic information regarding the role of cell wall pores in plant uptake of MNMs, and raise
questions about the importance of plant species to MNM bioaccumulation.

■ INTRODUCTION

Manufactured nanomaterials (MNMs) are being discharged
into waste streams from the rapidly increasing number of
consumer products that employ nanotechnology.1−3 Studies
have consistently demonstrated that MNMs concentrate in the
sludge during wastewater treatment,1,3−5 60% of which is
applied to agricultural land as biosolids in the U.S. and the
majority of Europe.1 As a result, the MNM concentrations in
sludge-treated soil in the U.S. are expected to rise rapidly.1 A
recent model conservatively predicted increases from 0.1 to 0.5
mg kg−1 for TiO2 MNMs, from 6.8 to 22.3 μg kg−1 for ZnO
MNMs, and from 2.3 to 7.4 μg kg−1 for Ag MNMs between
2008 and 2012.1 Despite this, little is known about the
bioavailability and toxicity of sludge-accumulated MNMs to
plants and other terrestrial organisms following their
introduction into the soil.6

In the past few years, many studies have investigated plant
uptake of a wide variety of MNMs in many different plant
species. For example, early studies demonstrated the uptake of
uncoated 20-nm Fe3O4 MNMs by pumpkin plants,7 uncoated
50-nm Cu MNMs by wheat and mungbean,8 and natural
organic matter (NOM) coated 1.19-nm C70 fullerenes by rice.

9

More recent research has demonstrated the uptake of alizarin
red and sucrose coated 2.8-nm TiO2 MNMs by Arabidopsis
thaliana,10 15-nm tannate coated and 3.5-nm citrate coated Au
MNMs by Nicotiana tabaccum,11,12 and of 6-nm gum arabic
coated silver MNMs by Lolium multif lorum.13 Conversely,
many studies investigating plant uptake of MNMs have
reported no uptake. For example, researchers reported no

uptake of uncoated 19-nm ZnO MNMs by ryegrass,14 no
uptake of uncoated 37-nm CeO2 MNMs by maize,15 and no
uptake of uncoated 20-nm TiO2 or uncoated 40-nm ZnO by
wheat.16 Many of these studies have been published without
adequate MNM characterization or investigation of the
localization of MNMs within cells or tissues. Without
measurements to establish MNM localization, it can be difficult
to eliminate the possibility that reported bioaccumulation is
simply reflective of MNMs or dissolved species on the exterior
surfaces of the plants.6

The majority of these studies exposed a single plant species
to one MNM treatment or to several different types of MNMs.
There have been few studies that have attempted to
systematically evaluate the relative importance of particle
characteristics or plant species on plant bioaccumulation of
MNMs. There is a fundamental difference in the nature of root
exudates between monocots and dicots, as these groups have
different strategies for obtaining metal nutrients from the soil.17

Therefore, it is reasonable to hypothesize that differences in
type and amount of root exudates between plant species might
also affect uptake, either by facilitating uptake or by inducing
MNM aggregation. Furthermore, each MNM has intrinsic
properties that may affect mobility, bioavailability, or toxicity, as
well as the likely transformations it will undergo in the
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environment. These properties include composition, crystal
structure, size, shape, and surface chemistry.18−21 Nanomaterial
size is likely to be important to MNM bioaccumulation in
plants as plant cell wall pores have been shown to be size
selective to macromolecules.22 Nanomaterial surface chemistry
is likely to be an important factor in plant uptake as plant cell
surfaces will present barriers of varying hydrophobicity and
surface charge.17

We recently demonstrated plant uptake, trophic transfer, and
biomagnification of Au MNMs.12 Considering these results and
the fact that plants comprise the base of many terrestrial food
webs, there is an urgent need to systematically characterize the
factors that control the bioavailability of MNMs to plants. To
begin addressing this need, we used the model organisms
Nicotiana tabacum L. cv Xanthi and Triticum aesitvum to
investigate plant uptake of 10-, 30-, and 50-nm diameter
tannate (T-MNMs) or citrate (C-MNMs) coated Au MNMs.12

The objectives of the study were to systematically investigate
the importance of MNM size between the range of 10 and 50
nm in plant bioaccumulation of MNMs, to collect data
elucidating the importance of MNM surface chemistry on
plant bioaccumulation of MNMs, and to collect data clarifying
the importance of plant species to plant bioaccumulation of
MNMs.

■ EXPERIMENTAL SECTION
Nanoparticle Characterization. Stable suspensions of 10-,

30-, and 50-nm diameter primary particle size Au MNMs
surface modified with either tannate (Nanocomposix San
Diego, CA, USA) or citrate (Ted Pella, Redding, CA, USA)
were purchased and the stock suspensions were characterized
using transmission electron microscopy (TEM, see Supporting
Information (SI), Table S1). Au MNMs are being used in
applications including medical imaging,23 drug delivery,24 and
fuel cell catalysis.25 We selected Au MNMs for this study due to
their resistance to oxidative dissolution and low natural
background concentrations. These properties make Au
MNMs an idea probe for investigating MNM bioaccumulation
and translocation.26 Tannate is a high molecular weight
polyphenol with a log Kow of −0.1927 with pKa1 = 4.428,29

and pKa2 = 10.30 Citrate is a low molecular weight organic acid
with log Kow of −1.7431 with pKa1 = 3.1, pKa2 = 4.7, and pKa3 =
5.4.32 Tannate and citrate coated MNMs were selected for this
study because we consider these two molecules to be
reasonable analogues for common low molecular weight
organic acids found in soil and high molecular weight NOM
complexes, respectively, both of which we envision could
adsorb to MNMs in the soil as is often observed for fine-
grained soil mineral surfaces.33,34 The suspension concen-
trations were verified through aqua regia digestion and
elemental analysis via inductively coupled plasma mass
spectrometry (ICP-MS) using an Agilent 7500cx ICP−MS
(Agilent, Santa Clara, CA, USA). To determine the
concentration of dissolved Au in the stock suspensions, samples
of the stock suspensions were filtered through a 3 kDa
regenerated cellulose membrane (Amicon Ultra, Millipore,
Billerica, MA, USA), after which the resulting filtrate was
analyzed for Au using ICP-MS (see Table S1). Measurement of
the amount of dissolved Au present in suspension filtrates
reveals very low concentrations that are mostly below detection
(detection limit = 1.37 ng Au mL; see Table S1). A solution of
10 μg L−1 HAuCl4 was filtered through one of the membrane
filters used to estimate dissolved Au and a recovery of 82.4%

was determined, which we have found to be a typical recovery
at low concentrations, presumably due to interactions with
trace functional groups associated with the membranes.
Additional details of MNM characterization, including TEM
data, are located in the SI.
TEM size analysis of the T-MNMs was provided by the

manufacturer (Nanocomposix San Diego, CA, USA) using a
Jeol 1010 TEM. The size of the C-MNMs was derived from
TEM images collected using a Jeol 2010 TEM. Mean MNM
diameter and size ranges were quantified based on measure-
ments of at least 100 individual particles using ImageJ software.

Nanoparticle Treatment Preparation. Prior to dilution
to 30 mg L−1, MNMs were treated to purify the MNM
suspensions, buffer the solution to prevent destabilization of the
coating, and to attempt to homogenize the pH and electro-
phoretic mobilities of each MNM treatment. The C-MNMs
were washed with a pH 7 sodium citrate−citric acid buffer of a
concentration normalized to the surface area of each treatment.
For the 10-, 30-, and 50-nm MNMs, a 1 mM, 0.4 mM, and 0.33
mM buffer was used, respectively. All three T-MNM treatments
were diluted to 30 mg L−1 with 0.1 mM tannic acid and
adjusted to pH 7 with dilute NaOH. T-MNMs were not stable
at higher concentrations of tannic acid, possibly due to the
relatively high molecular weight of tannic acid, so it was not
possible to use the same approach as was used with the C-
MNMs. The T-MNMs had been washed 10 times with 18 MΩ
cm−1 deionized water (DI) by the manufacturer prior to
purchase. Mean intensity weighted hydrodynamic diameters
and electrophoretic mobilities of the exposure suspensions were
measured with a Nano-ZS zetasizer (Malvern, Worcestershire,
UK) using 173° backscatter analysis method. Hydrodynamic
diameter distributions were converted to a volume basis using a
refractive index of 0.2 and absorption of 3.32 (see Table S2).
All MNM treatment suspensions were highly negatively
charged with zeta potentials > −50 mV (see Table S2).
Electrophoretic mobilities were converted to zeta potentials
using the Hückel model.

Plant Exposure Protocol. Nicotiana tabacum L. cv Xanthi
was selected as a model primary producer for this study due to
its demonstrated ability to bioconcentrate metals,35 whereas
Triticum aesitivum was selected as a model organism for this
experiment because it is an important food crop. Germination
and growth methods for both tobacco and wheat are described
in the SI. At 30 days post germination for tobacco and 7 days
post germination for wheat, plants were randomly divided into
treatment populations and placed in 1.5-mL microcentrifuge
tubes. We elected to perform a hydroponic exposure over a soil
exposure because we believe that it would be virtually
impossible to separate the importance of intrinsic particle
properties to plant uptake from the importance of extrinsic
properties imparted by soil components to uptake. Fifteen
plants were exposed to each of the six treatment combinations.
Controls consisted of 5 plants each in DI, 1 mM pH 7 sodium
citrate−citric acid buffer, and pH 7 0.1 mM tannic acid.
Treatment solutions were periodically adjusted to the initial
volume with the appropriate buffer. Since wheat does not
tolerate nutrient stress as well as tobacco due to differences in
its growth and development, tobacco plants were exposed for 7
days whereas wheat plants could only be exposed for 3 days.
Plant growth over the exposure period appeared negligible.

Sample Collection and Preparation. At the end of each
exposure, plant roots were cut from each plant above the level
of the MNM suspensions to remove tissue that might have
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been surface contaminated with MNMs. The aerial portion of
each plant was carefully washed with DI, citranox, 0.5% HCl/
0.5% HNO3, and then again with DI prior to being dried for
bulk analysis by ICP-MS. Other leaf samples were mounted on
metal free polyimide film for spatially resolved analysis using
laser ablation inductively coupled mass spectrometry (LA-ICP-
MS) and scanning X-ray fluorescence microscopy (μXRF). In
the wheat exposure, roots were fixed in 10% formalin acetate
and subsequently placed in optimal cutting temperature
embedding medium (Sankura Finetek, Torrance, CA, USA),
frozen using dry ice, and stored at −80 °C for later cryo-
sectioning to 15 μm thickness for μXRF analysis.
Post-Exposure Treatment Suspension Characteriza-

tion. The degree to which the MNMs were aggregated during
the wheat and tobacco exposures was characterized through
post-exposure sedimentation analysis of the treatment
suspensions. One mL of each suspension was vortex mixed
thoroughly and then centrifuged at 1100g for 1 min to sediment
aggregates larger than approximately 840 nm according to
Stoke’s law calculations. After collecting a 10-μL sample from
the supernatant, the treatment suspensions were vortex mixed
again and then centrifuged at 11 000g for 1 min to sediment
aggregates larger than approximately 80 nm, after which
another 10 μL was removed. As wheat plants have been
demonstrated to strongly alkalize their rhizosphere, the post-
exposure pH of each treatment suspension from both plants
was recorded and Ca and Mg, as well as Au, concentrations
were measured using ICP-MS.36 These data will be used to
clarify the role of root exudates on any observed treatment
aggregation.
Laser Ablation Inductively Coupled Mass Spectrom-

etry (LA-ICP-MS). LA-ICP-MS depth profiles were collected
using a series of controlled laser pulses from a LSX-213 laser
ablation system (CETAC, Omaha, NE, USA) that removed 400
× 400 μm2 craters. The laser energy and burst duration were
calibrated so that these craters were 15 μm deep. The elemental
composition of the material removed during each laser pulse
was measured using ICP-MS. Calibration standards for analysis
consisted of pellets created by spiking dried and finely ground
tobacco to a range of concentrations. A calibration curve was
created by simple linear regression of the summed counts from
the laser bursts within the depth profile for each standard.
Semiquantitative sample concentrations were calculated by
fitting the summed counts from each sample depth profile to
this calibration curve.
Synchotron X-ray Analysis. Scanning X-ray fluorescence

microscopic measurements of Au were collected at the Au L-α1
emission line (9713 eV) employing beamline X-26A at the
National Synchrotron Light Source at Brookhaven National
Laboratory (Upton, NY, USA). To correct for interference
from the Zn K-β1 emission line (9572 eV), leaves and root
cross sections were mapped at energies above (12 110 eV) and
below (11 850 eV) the Au L-αIII absorption edge (11 919 eV).
The below edge signal was subtracted from the above edge
signal and the difference was reported as the Au signal.
Additional details of the synchrotron X-ray analysis and
beamline configuration are described in the SI.
Inductively Coupled Plasma-Mass Spectrometry Anal-

ysis. Plant samples were oven-dried for 48 h at 60 °C, weighed,
and placed in microcentrifuge tubes. The samples were digested
overnight at 60 °C in a mixture of 50 μL of hydrogen peroxide
and 150 μL of nitric acid. Then, 300 μL of hydrochloric acid
was added and the samples were heated for an additional 4 h,

after which the digestate was brought to a 3 mL volume12 and
analyzed by ICP-MS. Analytical runs contained calibration
verification samples, duplicate dilutions, and spike recovery
samples. As there is no widely available standard reference
material containing Au in plants, a laboratory control sample
was prepared using finely ground dried tobacco leaves spiked
with Au standard to a concentration of 10 mg kg−1. The
measured concentrations were 111.7% of the nominal
concentration with a standard deviation of 11.5%. Spike
recovery averaged 99.2%, and the mean relative percent
difference between duplicate dilutions was 5.5%.

Statistical Analyses. All data were tested for normality and
homoscedascity using Shapiro−Wilk’s test and Barlett’s test,
respectively. Data were log transformed if found not to be
normally distributed, and then retested. Significant differences
between ICP-MS plant bioaccumulation data, LA-ICP-MS
bioaccumulation data, and Ca concentrations in the treatment
suspensions post exposure were tested using ANOVA and
Student−Newman−Keuls (SNK) means comparisons at α =
0.05 when data were normal and homogenously distributed.
Significance of non-normal or data with nonhomogenous
variance were analyzed using Kruskal−Wallis and Mann−
Whitney U-tests at α = 0.05. In rare cases, outliers were
removed using Grubb’s test.

■ RESULTS AND DISCUSSION
Bulk analysis of the oven-dried aerial tobacco biomass reveals
mean Au concentrations between 2.2 and 53.5 mg kg−1 (Figure
1). Significant uptake occurred in every treatment combination.

The mean Au concentration in plants exposed to the 50-nm T-
MNMs is significantly lower than three of the other treatments
but is not significantly different from the 10-nm C-MNM and
30-nm T-MNM treatments. Bulk analysis of the oven-dried
aerial wheat biomass reveals no significant uptake in any
treatment combination.
The Au concentration in the majority of the tobacco leaf

samples determined by scanning X-ray fluorescence is below
the estimated detection limit of ∼1 mg kg−1 for Au at beamline
X-26A. However, one image demonstrates the presence of Au
in detectable concentrations in the leaf mid rib of a plant
exposed to 30-nm C-MNMs (Figure 2). Images of wheat leaf
tissues reveal no evidence of accumulation of Au MNMs in the
aerial portions of the plants (see Figure S2). In subtraction
maps of root cross sections from the wheat roots, Au MNMs

Figure 1. Bulk inductively coupled plasma mass spectrometry (ICP-
MS) analysis of tobacco leaf tissue. Error bars represent SD.
Treatments with the same letter are not significantly different. T-
MNMs = tannate coated manufactured nanomaterials (MNMs); C-
MNMs = citrate coated MNMs.
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are detected adsorbed to the surface of the roots, but there is no
evidence that Au MNMs penetrated the root surface in any
treatment (Figure 3).
Au is detected by LA-ICP-MS throughout cross sections of

tobacco leaves from each treatment (Figure 4). Semi-
quantitative Au concentrations determined by LA-ICP-MS are
<1 mg kg−1, consistent with the Au in these samples being
below the detection limits of μXRF imaging at beamline X-26A
(Figure 5). Each calibration curve r2 is >0.999 and there are no
significant differences between mean concentrations as a
function of MNM treatment or in concentration as a function
of cross-section depth in any treatment.
Characterization of the treatment suspensions after ex-

posures demonstrates that, in general, the wheat plants basified
their exposure suspensions more than the tobacco plants,
although the mean pH for the 30- and 50-nm citrate were
similar for the tobacco and wheat samples (see Tables S3 and
S4). The results of the sedimentation studies indicate that the
MNMs in the wheat exposure suspension aggregated to a
greater degree than the MNMs in the tobacco exposures. For
example, in the 10-nm tobacco treatments, 61.4% and 67.9% of
the T-MNMs and C-MNMs, respectively, were found to be
within aggregates larger than 80 nm, compared to 88.3% and
93.3% for the wheat treatments (see Tables S3 and S4).
Postexposure analyses of Mg in the treatment suspensions
show concentrations mostly below the detection limit (∼1.1
mg Mg L−1 supernatant). Detectable levels of Ca were
measured in each treatment for both plant exposures. However,
there are no significant differences in mean Ca concentrations
based on MNM size, surface coating, or plant species at α =
0.05 (see Tables S3 and S4).
This study provides little evidence that primary particle size

between 10 and 50 nm is an important factor in plant
bioavailability of Au MNMs. We found that bioaccumulation of

50-nm T-MNMs is significantly lower than bioaccumulation of
10- and 30-nm T-MNMs in tobacco. However, this trend was
not evident for the C-MNMs and tobacco did accumulate a
significant concentration of 50-nm T-MNMs compared to the
control. However, it is possible that the large variability in the
data set could be masking trends. Although the reasons for this
variability are unclear, we speculate that it is in part the result of
the large genetic variability among individual tobacco plants.
Regardless, this result contradicts the commonly repeated
hypothesis that the MNMs must passively pass through cell
wall pores to be taken up by plants and that the cell wall will
exclude most MNMs larger than 20 nm.11,22 The diameter of
most cell wall pores have been estimated to be between 5 and
20 nm,22,37,38 although recent gas adsorption measurements of
cell wall porosity suggest than some cell wall pores may be as
large as 50 nm.39 The mechanism by which MNMs might
bypass the plant cell wall is not well understood. Studies on
fungal cells have demonstrated that Ag MNMs are able to
induce plasma membrane depolarization and protoplast leakage
suggesting that MNMs can induce pore formation in cell walls
in certain cases.40 Other studies have provided evidence using
confocal microscopy41 and TEM that clearly demonstrate
penetration of the plant cell wall by carbon MNMs.42 Another
possibility is that minor cuts and other physical damage to the
root during the exposure could lead to uptake. Alternatively,
Liu et al. demonstrated cellular uptake of single-walled carbon
nanotubes by intact tobacco bright yellow (BY-2) cells and
reported evidence that endocytosis was the mechanism of
uptake.43 The results presented here seemingly contradict our
earlier study that used μXRF mapping to demonstrate that
tobacco plants would bioaccumulate 3.5-nm Au MNMs to a
greater extent than 18-nm Au MNMs.11 In the earlier study we
presented spatial data confirming uptake, but did not provide
bulk, volumetrically averaged quantitative analysis, thus the data
were only semiquantitative. The present study is not the first to
report plant bioaccumulation of larger MNMs. For example,
evidence of uptake of magnetite MNMs with a hydrodynamic
diameter of approximately 40 nm in pumpkin plants was
presented by Zhu et al., although they provided no spatially
resolved data.7 Lee et al. demonstrated uptake of Cu MNMs
with a diameter of approximately 50 nm in mungbean and
wheat.8

These data do not conclusively demonstrate differences in
plant bioaccumulation between the two MNM surface coatings.
Although the 50-nm C-MNMs were taken up to a significantly
(α = 0.05) lesser degree than the 50-nm T-MNMs, this trend
did not exist for the 10- and 30-nm MNMs. Considering that
tannate and citrate could be considered similar to the NOM
coatings that could adsorb to MNM surfaces after introduction
into natural ecosystems, this result suggests that MNM coating
might be of minor importance in many environmentally
relevant scenarios.44,45

The large difference in uptake between the wheat and
tobacco suggests that MNMs might be more bioavailable to
some plant species than to others. This is consistent with the
number of studies presenting both volumetrically averaged and
spatially resolved MNM concentrations reporting greater
uptake in dicots than in monocots.7,8,10−13,16 However, there
has been little systematic examination of variation in MNM
bioaccumulation based on plant species and there have been
reports of positive and negative results in bioaccumulation
studies exposing both monocots and dicots. It is possible that
the difference in uptake between tobacco and wheat is the

Figure 2. Synchrotron X-ray fluorescence microprobe (μXRF) map of
leaf from a tobacco plant treated with 30-nm citrate coated Au
manufactured nanomaterials. Fluorescence from the L-α1 edge of Au,
depicted in red, and K-α1 edge of K, depicted in green. MNMs
detected within leaf mid rib near petiole.
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result of the longer exposure time for the tobacco. However,
one recent study did not see any leaf translocation of MNMs in
wheat after several months of exposure, albeit in soil,16 and our
observation of almost complete aggregation of the MNMs in
the wheat treatments at the end of 3 d makes it unlikely that
additional exposure time would have resulted in fundamentally
different results. Additionally, Nedoskin et al. recently used in
vivo plant flow cytometry to demonstrate that uptake of CNT−
quantum dot conjugates by tomato plants occurs within
minutes.46 We speculate that the differential bioaccumulation
between the two plant species is likely the result of the
differences in MNM aggregation induced in the treatment
suspensions during the exposures and that these differences in
aggregation are the result of root exudation of different
compounds between the two plants. Wheat plants were
observed to alkalize their treatment suspensions to a greater
degree than the tobacco plants in most treatments, although Ca
and Mg exuded into the treatment suspensions by the two plant

species was not significantly different. Considering that
increased alkalinization should have further stabilized the
negatively charged MNMs, we cannot explain the increased
aggregation observed in the wheat treatments.
In addition to potentially modifying the pH and concen-

trations of divalent cations in the rhizosphere, plant roots also
exude many other solutes including mucilage, enzymes, sugars,
phenolics, and amino acids that were not measured in this
study, any of which could potentially affect MNM aggregation
and bioavailability.17 As previously mentioned, in some cases,
the differences between the exudates of monocots and dicots is
dramatic. For example, monocots such as wheat exude amino
acids such as mugineic acid in response to iron deficiency,
whereas dicots such as tobacco exude phenolic and reducing
compounds.17 Differences in the amount and nature of the
exudation between species such as this could play a major role
in inducing aggregation and affecting bioavailability of MNMs

Figure 3. Scanning X-ray fluorescence microscopy (μXRF) image of fluorescence from the L-α1 edge of Au, depicted in red, the Zn K-β1 edge,
depicted in green, and the K-α1 edge of Fe, depicted in blue, for wheat plants exposed to (a) 10-nm, (b) 30-nm, and (c) 50-nm citrate coated
manufactured Au nanomaterials (C-MNMS), and (d) 10-nm, (e) 30-nm, and (f) 50-nm tannate coated Au MNMs (T-MNMs). No evidence was
found indicating that the MNMs penetrated the plant root surface.
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and further investigation into this possibility represents an
interesting area for future investigations.
This study presents some of the first data systematically

examining the importance of particle size and MNM surface
chemistry on the bioavailability of MNMs. Our data suggest
that MNMs with a wide range of particle sizes and different
surface coatings are bioavailable to plants in hydroponics and
that MNMs do not need to passively move through cell wall
pores to be taken up. However, it is likely that extrinsic
properties imparted by soil components will influence uptake,
possibly even affecting how MNM intrinsic properties affect
uptake. Therefore, investigating the importance of MNM
intrinsic properties to plant uptake in soil exposures is a
necessary area of future research. We also observed large
species-dependent differences in MNM bioaccumulation that
we speculate are the ultimate result of differences in the nature
of chemical root exudation between plant species. Given the
lack of emphasis on studies focused on MNMs in terrestrial
ecosystems to date, as well as evidence suggesting that MNMs
can biomagnify in terrestrial food webs,12 such information is

critical for developing an understanding of the mechanisms
controlling plant uptake and the potential for trophic transfer of
MNMs and will be required to help inform risk-based policy
decisions on the regulation of nanomaterials.
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